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1.  Atomic force microscopy (AFM) 
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A sensitive and simple optical method for detecting the cantilever deflection in atomic force 
microscopy is describedo The method was incorporated in an atomic force microscope, and 
imaging and force measurements, in ultrahigh vacuum, were successfully performedo 

Atomic force microscopy (AFM) is based on sensing 
the forces between a sharp stylus and the surface of interest. 
The interatomic forces induce the displacement of the stylus, 
and in its original implementation, a tunneling junction was 
used to detect the motion of a diamond stylus attached to an 
electrically conductive cantilever beam. 1 Subsequently, opti-
cal interferometry was used to detect the cantilever deftec-
tiOlL2•3 

Having demonstrated earlier, in the context of photo-
thermal spectroscopy, that displacements on the order of 
10-4 A can be readily and accurately detected with a simple 
optical scheme,4.5 it was logical to apply such a scheme to 
AFM. In this approach, the cantilever displacement is mea-
sured by detecting the deflection of a weak laser beam which 
is reflected off its backside. The deflection is sensed with a 
position-sensitive detector (PSD). In addition to its sensitiv-
ity and simplicity. this scheme has proven to be well suited 
for measurements in ultrahigh vacuum (UHY) environ-
menL6 

In force microscopy, the force Fis measured by detect-
ing the static deflection ofthe cantilever as its approaches the 
sample surface (F = 6.zk, where az is the cantilever dis-
placement from its equilibrium position and k is its force 
constant) 0 Alternatively, one can measure the force gradient 
F' ( = {)FIOz), which can be obtained by, e,g" vibrating the 
cantilever (or the sample), as originally described by Israe-
lachvili and Tabor7 and later adopted by Diirig et aI., to 
study thc forces acting on the tip during tunneling micros-
copy, x and by AFM researchers. 2,1 

A schematic representation of our approach is shown in 
Fig. L The stylus-cantilever system was a 75 ,urn tungsten 
wire electrochemically etched to form a sharp tip at one end 
and which was subsequently bent near that end. The cantile-
ver length was 1 mm, which yields a k = 10' N/m and a 
resonance frequency kHz. To facilitate the reflection of 
the laser beam off the cantilever, a minute mirror (300 
pm>< 300 pm) was attached to its backsidco The mass of the 
mirror had practically no effect on the resonant properties of 
the lever.'! The microscope itself was a modified version of 
the "pocket-size" scanning tunneling microscope 10 and can 
be operated in either the AFM or the scanning tunneling 
microscopy (STM) mode. It was mounted on an 8 in. CF 
flange which was in turn installed in an UHV chamber 
equipped with a window. The HeNe laser and the psn ll 

were located outside the URY chamber. Phase-sensitive de-
tection was used to measure the output of the PSD. The 
microscope was operated in the attractive (van der Waals) 

a' To whom correspondence should be addressed. 

regime of the interaction potential. and the force gradient 
was measured by vibrating the cantilever and detecting the 
change in its amplitude as a function of tip-sample distance. 

In principle, the sensitivity ofthe deflection setup is lim-
ited by mechanical vibration, the pointing stability of the 
laser, and shot noise. At modulation frequencies> 10 kHz, 
our measurements were limited by shot noise. For a diffrac-
tion-limited laser spot size at the PSD and noise dominated 
by shot neise, the signal-to-noise ratio, SIN, is given by 

(1) 

where a and b are the dimensions of the mirror (rectangle 
with side aliI), I is the cantilever length, R is the mirror 
reflectivity, R, is the spectral responsivity of the PSD, I is 
the laser intensity, and B is the detection bandwidth. For 
a = b = 300 pm, 1= 1 mm, R = 0.25, R, = 0.35, 1= 12 
mW/mm2, the smallest detectable cantilever displacement 
ax is "",A>< 10-4 at a SIN = 1. Thus reducing the 
length of the cantilever increases the sensitivity, while reduc-
ing the mirror dimensions degrades it. Furthermore, SIN 
does not depend ()fl the distance between the PSD and the 
mirror. Equation (1) was tested experimentally, and the re-
sults are given in Figo 2 where we show the noise spectrum of 
one of our cantilevers. The manner in which the mirror was 
mounted resulted in the simultaneous observation of two of 
its normal modes. The force consta.nt k was 103 N/m, and 
the measured quality factor Q was 800. The calculated ther-
mal vibration amplitude (1 mirror) is 4>< 10- 3 AliHz at 
the resonance frequency, which is an order of magnitude 
higher than the measured shot noise background and is con-
sistent with our calculations. It should be noted that, in prac-
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•  AFM was invented in 1986 by Gerd Binnig, Calvin Quate 
and Christoph Gerber 

•  AFM Imaging mode  
   For high-resolution 
    surface imaging 
 

–  Contact mode AFM 
    (l. 0.6 nm v. 0.1 nm) 
 

–  Oscillation mode AFM 
     



•  AFM imaging mode: 
– Advantages of oscillation - vs. contact mode 

1.  Reduces contact time, friction and lateral forces 

2.  Reduced vertical forces allow imaging of soft 
materials: DNA, proteins, cells… 

– oscillation mode is the most commonly used 
AFM method (easy, less invasive) 

•  AFM imaging mode: no quantification of 
biological, chemical and physical properties 

1.  Atomic force microscopy (AFM) 



•  AFM imaging mode: Contact/ Oscillation 
•  AFM force spectroscopy mode 

1.  Micro- and nanomanipulation 
2.  Force spectroscopy mode: 
      Quantify inter- and intramolecular interaction forces: 
  electrostatic, van der Waals, hydrophobic forces 

  Approach & retraction: record Vertical displacement of 
  AFM tip & deflection of the cantilever 
  Force-displacement ! force-distance curve 
  describe dependence of interaction forces between the AFM tip and the 
  sample from the distance  
3.  Probe mechanical properties 
  Indentation-retraction experiments 
  electrostatic properties, deformation, pressure, adhesion 

1.  Atomic force microscopy (AFM) 
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1.  Atomic force microscopy (AFM) 
–  Brief intro AFM 

–  Imaging mode: contact / oscillation 

–  Force spectroscopy mode 

2.  FD-based AFM 
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2. FD-based AFM 
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We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.
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Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.
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Force-distance curve-based atomic force microscopy 
FD-based AFM = AFM imaging + AFM force spectroscopy 

•  Lateral resolution 1 nm 
•  Vertical resolution 0.1 nm 

•  Oscillating cantilever with 
Silicon nitride tip 

•  pixel by pixel manner 
•  pixel size < 1 nm2 

•  The value of every pixel of 
the final sample topography 
is determined by the  

    tip-sample distance and 
    the present imaging force. 
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from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.

a Photodiode Laser

y
x

D
is

ta
nc

e

Force

b
150

Retraction

Approach

3

5

2
1

4

Fi

50

Fo
rc

e 
(p

N
)

–50

0 5

Distance (nm)

10 15

0

e

c
150

Approach

Fi

FLow

DDef
50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

d
150

Modulus fit region

Retraction
Energy dissipation

Fi

FAdh

DModulus

50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

Deformation: DDef = DFLow
 – DFi

Energy dissipation: W =            FdD
0

Dcycle

Reduced Young s modulus: E* =     (Fi – FAdh)  (RDModulus
3)–1

24
3

2. 0 nm  = contact point tip-sample 
 

Approach FD curve 
1.  Noncontact 
2.  Initial contact 
3.  Repulsive contact 

Retracting FD curve 
4.   Adhesion 
5.   Noncontact 
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Force-distance curve-based atomic force microscopy 

Imaging force 

Pfreudenschuh et al., 2014 
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proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.
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Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.

a Photodiode Laser

y
x

D
is

ta
nc

e

Force

b
150

Retraction

Approach

3

5

2
1

4

Fi

50

Fo
rc

e 
(p

N
)

–50

0 5

Distance (nm)

10 15

0

e

c
150

Approach

Fi

FLow

DDef
50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

d
150

Modulus fit region

Retraction
Energy dissipation

Fi

FAdh

DModulus

50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

Deformation: DDef = DFLow
 – DFi

Energy dissipation: W =            FdD
0

Dcycle

Reduced Young s modulus: E* =     (Fi – FAdh)  (RDModulus
3)–1

24
3

2. FD-based AFM 

©
20

14
 N

at
ur

e 
A

m
er

ic
a,

 In
c.

  A
ll 

ri
gh

ts
 r

es
er

ve
d.

PROTOCOL

NATURE PROTOCOLS | VOL.9 NO.5 | 2014 | 1115

We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.

a b c

d e f

5 nm

150 nm150 nm100 nm

10 nm 10 nm

Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.
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We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.
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Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.
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•  Mechanical flexibility/stiffness 
•  Adhesion: minimal force 
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We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.
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Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.
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Multiple physical forces can be derived from the approaching and retracting FD curves: 

Imaging force 



Biochemical forces: 
•  Covalent bonds 
•  Ligand-receptor pairs 
•  Biopolymers 
•  Nucleic acids 
•  Membrane and 

water-soluble 
proteins 

•  Cellular membranes 
•  Lipid bilayers 

Physical forces of 
interactions: 

•  Coulomb forces 
•  van der Waals 

forces 
•  hydrophobic 

attraction 
•  solvation forces 

Multiple physical forces can be derived from the approaching and retracting FD curves: 



Overview 

1.  Atomic force microscopy (AFM) 
–  Brief intro AFM 

–  Imaging mode: contact / oscillation 

–  Force spectroscopy mode 

2.  FD-based AFM 

3.  Applications FD-based AFM 
–  Paper 1: Native proteins 

–  Paper 2: GPCR-ligand interaction 

4.  Summary & Conclusion 
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INTRODUCTION
Proteins, lipids, nucleic acids and other biomolecules form the 
highly sophisticated molecular machinery of the living cell that 
works and responds to its environment in a complex manner.  
To fulfill their versatile functions, these molecular machines  
have heterogeneous structural, biophysical and biochemical  
properties that can change dynamically as required by the  
cell. Atomistic and theoretical models are frequently applied to 
calculate these properties1–6; however, such calculated properties 
can be quite different from those determined experimentally. The 
reasons for such discrepancies can be manifold. For instance, the 
biophysical and biochemical properties of molecular machines 
change depending on pH, electrolyte concentration, temperature 
and interactions with other biomolecules.

As intracellular conditions are highly heterogeneous, the  
properties of molecular machines depend on the machines’  
location within the cell. In addition, the structural and functional 
properties of most molecular machines vary between individuals.  
Therefore, conventional bulk methods, such as those applied 
to determine structural (e.g., X-ray or electron crystallography, 
NMR, circular dichroism spectroscopy) or functional details  
(e.g., enzymatic assays, calorimetry, UV-visible spectroscopy), 
mostly provide information on the prevailing conditions of 
molecular machines. It is important to quantify and structur-
ally map the biophysical and biochemical properties of single 
molecular machines in the living cell or at least in physiologically 
relevant conditions7–10.

Single-molecule approaches enable researchers to address the 
individuality of the cellular machinery and the role of hetero-
geneity. Recent developments in FD curve–based AFM enable 
one to combine sub-molecular imaging with quantitative 
mapping of physical, chemical and biological properties11,12.  
In the following sections, we provide a brief overview of the  
history of high-resolution (~1 nm) AFM imaging and AFM-based 
force spectroscopy of native proteins. We discuss how, at present, 
both applications are combined in FD-based AFM, which enables  
the quantitative multiparametric imaging and characteriza-
tion of biomolecular systems under physiological conditions.  
Finally, we present protocols for applying FD-based AFM to the 

characterization of native proteins and protein complexes in vitro. 
Although the protocols are applied to the quantitative imaging 
of native membrane and water-soluble proteins, they are equally 
applicable to imaging nucleic acids, whether as single molecules 
or in complex, as well as to other biomolecules that shape the 
molecular machinery of the cell.

High-resolution AFM imaging of single native proteins
AFM was originally conceived as a tool for the high-resolution 
imaging of the surface of objects in air, under vacuum and, most 
importantly for biological applications, in buffered solution13–15. 
Thus, it is straightforward to apply AFM to the imaging of native 
biological specimens16. In its early years, AFM was operated  
mainly in contact mode, in which the AFM stylus is pressed  
onto the sample with constant force while it is ‘contouring’  
the sample surface (imaging the surface of the sample by  
measuring contact interaction). Contact-mode AFM applied  
to smooth biological samples, such as membrane proteins  
embedded in their native lipid bilayer, revealed surprising  
structural details17–21. Atomistic structural models assessing  
AFM topographs have shown that contact-mode imaging, if  
properly adjusted, enables to contour the surface of native  
proteins at sub-nanometer resolution18,22. The best attainable 
lateral and vertical resolutions of native membrane proteins 
approach 0.5–0.7 nm and ~0.1 nm, respectively23,24.

In addition to achieving such high resolutions, time-lapse AFM 
enabled the observation of single membrane proteins at work25,26. 
Examples include the surface layer (S-layer) from Deinococcus 
radiodurans27, the outer membrane proteins (Omps) OmpG and 
OmpF from Escherichia coli24,28, the connexins that form commu-
nication channels of epithelial cells29,30, the light-driven proton 
pump bacteriorhodopsin from Halobacterium salinarum31,32, the 
ATP-gated P2X4 purinergic receptor33, the ligand-gated potassium 
channel MlotiK1 from Mesorhizobium loti34 and the pH-gated 
KcsA potassium channel35. Membrane proteins have also been 
imaged in motion during diffusion, assembly and rotation36–42.

A disadvantage of AFM imaging in contact mode is that  
lateral forces between the scanning AFM stylus and the soft  

Multiparametric high-resolution imaging of native 
proteins by force-distance curve–based AFM
Moritz Pfreundschuh1, David Martinez-Martin1, Estefania Mulvihill1, Susanne Wegmann2 & Daniel J Muller1

1Department of Biosystems Science and Engineering, ETH Zurich, Basel, Switzerland. 2Department of Neurology, Massachusetts General Hospital, Harvard Medical 
School, Charlestown, Massachusetts, USA. Correspondence should be addressed to D.J.M. (daniel.mueller@bsse.ethz.ch).

Published online 17 April 2014; doi:10.1038/nprot.2014.070

A current challenge in the life sciences is to understand how the properties of individual molecular machines adjust in order to 
meet the functional requirements of the cell. Recent developments in force-distance (FD) curve–based atomic force microscopy 
(FD-based AFM) enable researchers to combine sub-nanometer imaging with quantitative mapping of physical, chemical and 
biological properties. Here we present a protocol to apply FD-based AFM to the multiparametric imaging of native proteins under 
physiological conditions. We describe procedures for experimental FD-based AFM setup, high-resolution imaging of proteins 
in the native unperturbed state with simultaneous quantitative mapping of multiple parameters, and data interpretation and 
analysis. The protocol, which can be completed in 1–3 d, enables researchers to image proteins and protein complexes in the native 
unperturbed state and to simultaneously map their biophysical and biochemical properties at sub-nanometer resolution.

Aim: Contour the surface and quantify biophysical and 
biochemical properties of native proteins at high resolution 
 
Samples: 2 water soluble proteins: 
•  fibrils of human tau protein, neurofibrillary tangles in AD 

 Assess highly variable polymorphic structure and biophysical 
 properties of amyloid-like fibrillar aggregates by FD-b AFM 

•  Bacteriorhodopsin from the purple membrane of H.salinarum 
(functionally & structurally best studied protein) 



1.  Set up the AFM 
–  Isolate from acoustic, mechanical and electrical 

noise (noise analyzers) 
–  Equilibrate the AFM: Focus the laser beam onto the 

tip to adjust the photodiode signal 

2.  Sample immobilization 
3.  Cantilever selection 
4.  Record FD curves 
5.  FD curve analysis 

3. Applications FD-based AFM 

©
20

14
 N

at
ur

e 
A

m
er

ic
a,

 In
c.

  A
ll 

ri
gh

ts
 r

es
er

ve
d.

PROTOCOL

NATURE PROTOCOLS | VOL.9 NO.5 | 2014 | 1115

We describe a protocol that can be applied to image membrane 
and water-soluble proteins. We have chosen to detail the protocol 
as applied to two prominent proteins, and we advise readers to 
implement this protocol in the study of either or both of these 
proteins to familiarize themselves with the procedure before ana-
lyzing their biological sample of choice. Bacteriorhodopsin from 
the purple membrane of H. salinarum is among the functionally 
and structurally best-studied membrane proteins that has also 
been intensively characterized by AFM imaging and force spec-
troscopy21,23,31,32,87,93–103. Because the purple membrane is com-
mercially available and is a frequently used standard by many AFM 
groups, it is well suited to be used in a protocol. Many research-
ers use AFM to investigate fibrils assembled from water-soluble 
proteins such as actin, collagen, insulin, as well as intermediate 

filaments, microtubules and neurofibrils. Currently, amyloid-like 
fibrillar aggregates involved in neurodegenerative diseases are 
intensively studied by AFM because their highly variable poly-
morphic structural and biophysical properties are particularly 
well resolved by the exceptional signal-to-noise ratio typical of 
AFM57,90,91,104,105. As a representative of such aggregates, we have 
chosen to describe the investigation of fibrils formed from the 
human tau protein, which is the main constituent of neurofibril-
lary tangles involved in Alzheimer’s disease106,107.

In the following ‘Experimental design’ section, we describe 
bottlenecks and caveats that must be considered when imaging  
native single proteins and protein complexes by FD-based  
AFM at high resolution. We include description of the steps 
of sample preparation, AFM cantilever selection, and analysis  

Figure 1 | Principles of FD curve–based AFM 
for imaging and mapping multiple properties of 
biological samples. (a) In FD-based AFM, an AFM 
stylus is made to approach to and retract from a 
biological sample in a pixel-by-pixel manner to 
record FD curves. The high precision of the AFM 
enables the user to detect pixel sizes <1 nm2, 
with a positional accuracy of ~0.2 nm and forces 
at piconewton (10−12 N) sensitivity. The height 
of every pixel of the final sample topography 
is determined by the stylus-sample distance, 
measured at a preset imaging force Fi.  
(b) Approach (red) and retraction (black) FD 
curves. Zero distance indicates the contact point 
of the tip and the sample. Analyzing the FD 
curves provides information such as the sample 
height, deformation, elasticity (Young’s or DMT 
modulus), energy dissipation and adhesion. 
Cartoons depict the cantilever approaching to  
and retracting from the sample as follows:  
(1) noncontact, (2) initial contact and  
(3) repulsive contact regimes of cantilever 
stylus and sample detected in the approach FD 
curve. (4) Adhesion and (5) noncontact regimes 
recorded upon retracting the stylus and sample. 
(c) Information on the height and deformation of 
the biological sample can be extracted from the 
approach FD curve. The sample deformation DDef is determined in this example as the stylus-sample distance DFi reached at the imaging force Fi (here 150 pN)  
minus the distance DFLow reached at a much lower force FLow (here 45 pN). (d) Elastic modulus, adhesion force and energy dissipation can be extracted from 
the retraction FD curve. The adhesion force FAdh is the minimum of the retraction FD curve. Energy dissipation W represents the blue shaded area between 
the approach and retraction FD curve. Stiffness k of the sample can be determined by the pink-colored slope (F = Fi − FMod)/DModulus. (e) Formulas suitable for 
extracting parameters described in c and d from FD curves. The sample elasticity E* is estimated by using the DMT model143–145, with the imaging force Fi,  
the adhesion force FAdh, the stylus-sample contact area R and the stiffness k = (F = Fi − FMod)/DModulus of the biological sample.

a b c

d e f

5 nm

150 nm150 nm100 nm

10 nm 10 nm

Figure 2 | High-resolution FD-based AFM images of membrane proteins 
and fibrillated water-soluble proteins. (a) Cytoplasmic surface of purple 
membrane showing individual bacteriorhodopsin trimers87. (b) Densely 
packed assembly of OmpF porin trimers reconstituted into the lipid bilayer. 
Adjacent OmpF trimers either expose their extracellular or periplasmic 
surfaces. Highly protruding OmpF trimers (brighter) expose the extracellular 
surface, whereas the low-protruding OmpF trimers (darker) expose their 
periplasmic pores89. (c) Ferric hydroxamate uptake receptor (FhuA) 
from E. coli reconstituted into the lipid bilayer88. The high protrusions 
(brighter) represent single FhuA exposing their extracellular side, whereas 
lower donut-shaped features (darker) are FhuA exposing their periplasmic 
pores. (d) Amyloid-like fibrils assembled from full-length human tau92. 
(e) Fibrillating core fragment (hIAPP20–29) of the human islet amyloid 
polypeptide91. (f) -synuclein fibrils (E46K mutant form). Images adapted 
with permission from refs. 87,88,90–92, with copyrights from the American 
Chemical Society (refs. 89,90), from Elsevier (ref. 88), from Wiley and Sons 
(ref. 87) and from the National Academy of Sciences (USA) refs. 91,92.

a Photodiode Laser

y
x

D
is

ta
nc

e

Force

b
150

Retraction

Approach

3

5

2
1

4

Fi

50

Fo
rc

e 
(p

N
)

–50

0 5

Distance (nm)

10 15

0

e

c
150

Approach

Fi

FLow

DDef
50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

d
150

Modulus fit region

Retraction
Energy dissipation

Fi

FAdh

DModulus

50

Fo
rc

e 
(p

N
)

–50

0 5
Distance (nm)

10 15

0

Deformation: DDef = DFLow
 – DFi

Energy dissipation: W =            FdD
0

Dcycle

Reduced Young s modulus: E* =     (Fi – FAdh)  (RDModulus
3)–1

24
3



3. Applications FD-based AFM 
1.  Set up the AFM 
2.  Sample immobilization 
–  Better hydrophilic supporting surface than 

hydrophobic 
•  Mica: negatively charged at neutral pH, hydrophilic, good 

electrical insulator 
•  HOPG = highly ordered pyrolytic graphite: hydrophobic, 

good conductor 

–  Native membrane proteins should be present in 
the membrane 

–  Glue metal disc, hydrophobic teflon foil, mica 
sheet 

–  Cleave the mica sheet with Scotch tape 
 



3. Applications FD-based AFM 
1.  Set up the AFM 
2.  Sample immobilization 

Sample preparation 
–  bacteriorhodopsin preparation: 

Dilute purple membrane stock solution in adsorption buffer 
to ~10 μg/ml and place ~30 μl of it onto the freshly cleaved 
mica for 15–30 min  

–  preparation of tau fibrils: 
Dilute the fibril solution in adsorption buffer 
to a final concentration of ~3 μg ml−1 and place ~10–20 μl of it 
onto the freshly cleaved mica for 10–20 min  
 

–  Remove adsorption buffer, apply imaging buffer 
and mount sample on AFM. Immerse cantilever in 
imaging buffer. 



1.  Set up the AFM 
2.  Sample immobilization 
3.  Cantilever selection 
•  Soft AFM cantilever to measure interaction forces between 

single biomolecules, ranging typically from 5 to 250 pN. 
•  High resonance frequencies >100kHz are needed to detect 

fast biomolecular interactions. 
•  Shape and size of the AFM stylus determine the lateral 

resolution. Sharp styluses with a small tip radius  (ca 2 nm) 
for high resolution. 

3. Applications FD-based AFM 



1.  Set up the AFM 
2.  Sample immobilization 
3.  Cantilever selection 
–  When measuring the mechanical flexibility or stiffness, 

the spring constant (stiffness) of the cantilever should 
be similar to that of the sample. 

–  Intermediate stiffness ca 0.1N/m  
–  Sensitivity for mechanical flexibility is decreased, if stiff 

cantilevers >1N/m are used. 
–  Mechanical properties of biological systems are 

heterogeneously distributed and can change 
dynamically.  

3. Applications FD-based AFM 



1.  Set up the AFM 
2.  Sample immobilization 
3.  Cantilever selection 

3. Applications FD-based AFM 



1.  Set up the AFM 
2.  Sample immobilization 
3.  Cantilever selection 
–  Mechanical properties of biological systems are 

heterogeneously distributed and can change 
dynamically. 

→ Mechanical properties should be precisely assigned to 
     structural details. 

→ Functional state at which mechanical measurements 
     were performed should be well defined.  

3. Applications FD-based AFM 



1.  Set up the AFM 
2.  Sample immobilization 
3.  Cantilever selection 
4.  Record and analyze FD curves 

3. Applications FD-based AFM ©
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the cantilever, the deformation of the support is negligible compared with the deflection of the cantilever. This relation 
between the cantilever deflection and the voltage difference of the photodiode is described as cantilever deflection  
sensitivity. Usually, commercially available AFMs come with software routines that enable the calculation of the deflection 
sensitivity from FD curves.

 CRITICAL STEP Usually, the factor used to convert the volts measured by the AFM photodiode to nanometers of the  
cantilever deflection is referred to as deflection sensitivity. The deflection sensitivity depends on many parameters,  
including the type of cantilever and how it is mounted. Thus, the deflection sensitivity must be determined each time a  
cantilever is mounted or remounted and every time after the laser beam has been refocused. It is crucial to conduct these 
measurements as precisely as possible, because they will determine how accurately forces can be measured by AFM.

 CRITICAL STEP When recording FD curves, apply as little force as needed (<150 pN) to reach a linear regime in the  
cantilever deflection versus vertical displacement of the piezoelectric scanner and to avoid damaging the AFM stylus.
? TROUBLESHOOTING

21| To complete the calibration process, determine the cantilever’s spring constant (k). For this purpose, use the relevant 
AFM software, which enables users to infer k through the analysis of thermal noise. Please note that, in order to avoid  
surface-induced artifacts, the cantilever must be withdrawn to a distance of at least 100 m from the support.

 CRITICAL STEP Calibration of the cantilever is necessary to convert the photodiode voltage detecting the cantilever 
deflection into force. The photodiode voltage (V) is multiplied by the cantilever deflection sensitivity (nm V−1) to yield the 
cantilever deflection (nm), which is multiplied by the cantilever spring constant k (N m−1) to calculate the force deflecting 
the cantilever (N). Most manufacturers provide nominal k values for their cantilevers. The k value can be estimated from the 
dimensions of the cantilever and the mechanical properties of the constituent material149. However, calibrated k values of 
cantilevers frequently differ from the nominal values by a factor up to 3. Most AFM software packages enable the determina-
tion of the k value of a cantilever by using the thermal noise method, which records the cantilever’s thermal fluctuations 
and uses the data thus obtained in conjunction with the equipartition theorem150–152. Essentially, the theorem relates the 
absolute temperature of a system with its average energy. The thermal noise method is the most versatile and implementable 
method of cantilever calibration in liquids153. A high estimate of the error in determining the cantilever spring constant is 
20% (ref. 153). It may be argued that other calibration methods are more accurate, but the extra effort required to apply 
such methods makes them rather unfeasible.

22| Record an FD curve directly after engaging the stylus, as this may show whether the stylus or the supporting surface is 
contaminated. FD curves with sharp transitions (Fig. 3a,b) indicate clean preparations. By contrast, FD curves recorded with 
a contaminated sample and/or AFM stylus frequently show irregular and irreproducible FD patterns (Fig. 3c). A good way to 
check whether the AFM stylus has been contaminated is to record FD curves on a clean freshly cleaved mica surface (nothing 
should coat the mica). If the FD curve looks as it does in Figure 3a,b (ref. 76), the AFM stylus is probably not contaminated.

 CRITICAL STEP Loosely bound molecules can contaminate the AFM stylus, and eventual contaminants influence the  
interaction of the AFM stylus with the biological sample. Therefore, the sample, buffer solution and fluid cell have to be 
clean; if they are not, the AFM stylus will be contaminated.
? TROUBLESHOOTING

Low-resolution FD-based AFM imaging  TIMING ~1 h
23| Engage the AFM at the lowest possible force ( 100 pN), with optimal (fast) feedback gain and in a small scanning area 
(<10 nm). If the AFM fails to engage, FD curves record no transitions and AFM images contain no information other than noise.  

Figure 3 | Approach and retraction FD curves 
recorded on supporting surfaces. (a) FD curves 
recorded in buffer solution on a clean and 
mechanically stiff support. The sharp transition 
close to the contact area (0 nm) indicates a 
clean AFM stylus (here, Si3N4) approaching a 
clean support (here, mica), and it indicates that 
both materials are mechanically stiff. The good 
agreement between approach and retraction FD 
curves shows no hysteresis and thus also indicates that the AFM system has been set up properly and that the AFM stylus and sample are not contaminated. 
(b) FD curves recorded in buffer solution on a clean, mechanically flexible sample. The relatively smooth transition around the contact area and the 
missing hysteresis indicate that a clean AFM stylus (here, Si3N4) approaches a clean support (here, purple membrane) and that, in this case, the support 
is mechanically softer than the stylus. (c) FD curves recorded in buffer solution using a contaminated AFM stylus. The discontinuous transition and the 
hysteresis between approach and retraction FD curves indicate a contaminated AFM stylus and/or mica surface. FD curves were recorded in buffer solution 
(150 mM KCl, 10 mM Tris-HCl, pH 7.6), by applying an imaging force of 150 pN, a cantilever oscillation amplitude of 50 nm and a frequency of 2 kHz, as well 
as 20.5 data points per nm.
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To engage the AFM, increase the force slightly (through successive ~10 pN steps) as many times as needed to find the lowest 
possible force required to engage your AFM stylus.

 CRITICAL STEP Forcing the AFM stylus to approach the support may damage the AFM stylus. Such damage occurs by  
pressing the AFM stylus at very high force onto the support ( 500 pN). In addition, the feedback loop that limits the  
maximum force of the AFM stylus contacting the support should be set as fast as possible. Optimal gains are reached just 
below the gains that turn the feedback loop unstable and cause the AFM deflection error and height signals to oscillate.
? TROUBLESHOOTING

24| Image the sample by using the FD-based AFM mode. Adjust the lowest possible imaging force as described in  
Step 23 and optimize feedback gains. Depending on the piezoelectric scanner, one can obtain overview images at sizes  
ranging from ~10 to 50 m (Fig. 4). Large overview images should be obtained at minimal forces ( 500 pN) and  
scanning line frequencies (1–2 Hz), with a maximal feedback gain and at a resolution (i.e., pixel size) sufficient to observe 
structural details of the biological sample. The vertical amplitude of the FD curves should be rather high ( 40–60 nm) to 
compensate for larger obstacles and the tilt of the support. The scanning angle may be adjusted to compensate for the tilt 
of the support. Feedback gains are optimal if they are at their maximum possible values without causing the AFM cantilever 
(or piezoelectric scanner) to oscillate during imaging at minimal forces. Keep the scanning speed low to avoid crashing the 
AFM stylus into highly corrugated objects. If the sample is flat, the scanning speed may be increased.

 CRITICAL STEP Throughout imaging, the force applied to the AFM cantilever must be kept at the minimum possible  
values. Slightly increasing the forces deforms the flexible structural regions of the proteins reversibly, until the forces are so 
high that deformation becomes irreversible93,103,111. In many cases, the applied forces have to be adjusted to optimize the 
topographic contrast without deforming the sample.
? TROUBLESHOOTING

25| (Optional) To make sure that the imaging process is not destructive for the soft protein sample, we recommend  
repeatedly imaging the same area of the sample. When sample deformation occurs, the imaging force may be reduced, the 
vertical amplitude moving the cantilever up and down increased, the scanning line frequency decreased and/or the feedback 
gains optimized. Please also note that a large hysteresis between trace and retrace scanning lines can have several causes: 
first, the cantilever may not be attached properly to the fluid cell; second, the support may show defects (i.e., bubbles, 
soft glue, mica badly cleaved); and third, the feedback gains may be too low. If no membranes (or fibrils) are found on the 
support, excessive imaging forces may have been chosen, or the feedback of the AFM cantilever may have been incorrectly 
adjusted. Alternatively, the concentration of the purple membrane (or tau fibrils) in the adsorption buffer may be too low.

26| (Optional) If you observe purple membranes forming stacks or aggregates, ultrasonicate the adsorption buffer containing the  
purple membrane for 1–3 min and repeat adsorption. Ultrasonication dissolves purple membrane aggregates but not purple mem-
brane. Be aware that you may not ultrasonicate other protein samples, as they are usually much less stable than purple membrane.
? TROUBLESHOOTING

High-resolution FD-based AFM imaging  TIMING 2–4 h
27| After performing imaging overviews (Steps 23–26), zoom in on a selected area of your biological sample (Fig. 5).  
Preferably, this area should show flatly adsorbed purple membrane patches or tau fibrils. Adjust the amplitude by vertically 

To
po

gr
ap

hy

0
40

a

200 nm

b c

e

400 nm

400 nm

400 nm

10
0

–5
08

90

5
(n

m
)

0
0.

5
(n

m
)

D
ef

or
m

at
io

n
(M

P
a)

D
M

T
 m

od
ul

us

50
(p

N
)

E
rr

or
A

dh
es

io
n

(p
N

)

d

Figure 4 | FD-based AFM images of purple 
membrane adsorbed onto mica. (a–e) AFM 
topography (a), deformation map (b), adhesion 
map (c), DMT modulus map (d) and force error  
map (e). (a–e) Vertical scales correspond to 10 nm (a), 
0.5 nm (b), 40 pN (c), 8–90 MPa (d) and from −50 
pN to 50 pN (e). The red lines in the AFM images 
(a–e) indicate where the vertical profile shown 
below each image has been extracted. Gray lines in 
panels b–e show the topographic profile recorded 
in a. The topography shows densely packed 
patches of bacteriorhodopsin surrounded by thin 
rims of a lipid bilayer. Data were recorded in buffer 
solution (150 mM KCl, 10 mM Tris-HCl, pH 7.8), by 
applying an imaging force of 140 pN, a cantilever 
amplitude of 40 nm, a frequency of 2 kHz and a 
scanning frequency of 1 Hz per line. Note that a 
soft cantilever was chosen to measure the Young’s 
modulus of purple membrane, which gives a wrong 
estimate of the Young’s (DMT) modulus of mica 
(see ‘Critical cantilever selection’).

©
20

14
 N

at
ur

e 
A

m
er

ic
a,

 In
c.

  A
ll 

ri
gh

ts
 r

es
er

ve
d.

PROTOCOL

1122 | VOL.9 NO.5 | 2014 | NATURE PROTOCOLS

To engage the AFM, increase the force slightly (through successive ~10 pN steps) as many times as needed to find the lowest 
possible force required to engage your AFM stylus.

 CRITICAL STEP Forcing the AFM stylus to approach the support may damage the AFM stylus. Such damage occurs by  
pressing the AFM stylus at very high force onto the support ( 500 pN). In addition, the feedback loop that limits the  
maximum force of the AFM stylus contacting the support should be set as fast as possible. Optimal gains are reached just 
below the gains that turn the feedback loop unstable and cause the AFM deflection error and height signals to oscillate.
? TROUBLESHOOTING

24| Image the sample by using the FD-based AFM mode. Adjust the lowest possible imaging force as described in  
Step 23 and optimize feedback gains. Depending on the piezoelectric scanner, one can obtain overview images at sizes  
ranging from ~10 to 50 m (Fig. 4). Large overview images should be obtained at minimal forces ( 500 pN) and  
scanning line frequencies (1–2 Hz), with a maximal feedback gain and at a resolution (i.e., pixel size) sufficient to observe 
structural details of the biological sample. The vertical amplitude of the FD curves should be rather high ( 40–60 nm) to 
compensate for larger obstacles and the tilt of the support. The scanning angle may be adjusted to compensate for the tilt 
of the support. Feedback gains are optimal if they are at their maximum possible values without causing the AFM cantilever 
(or piezoelectric scanner) to oscillate during imaging at minimal forces. Keep the scanning speed low to avoid crashing the 
AFM stylus into highly corrugated objects. If the sample is flat, the scanning speed may be increased.

 CRITICAL STEP Throughout imaging, the force applied to the AFM cantilever must be kept at the minimum possible  
values. Slightly increasing the forces deforms the flexible structural regions of the proteins reversibly, until the forces are so 
high that deformation becomes irreversible93,103,111. In many cases, the applied forces have to be adjusted to optimize the 
topographic contrast without deforming the sample.
? TROUBLESHOOTING

25| (Optional) To make sure that the imaging process is not destructive for the soft protein sample, we recommend  
repeatedly imaging the same area of the sample. When sample deformation occurs, the imaging force may be reduced, the 
vertical amplitude moving the cantilever up and down increased, the scanning line frequency decreased and/or the feedback 
gains optimized. Please also note that a large hysteresis between trace and retrace scanning lines can have several causes: 
first, the cantilever may not be attached properly to the fluid cell; second, the support may show defects (i.e., bubbles, 
soft glue, mica badly cleaved); and third, the feedback gains may be too low. If no membranes (or fibrils) are found on the 
support, excessive imaging forces may have been chosen, or the feedback of the AFM cantilever may have been incorrectly 
adjusted. Alternatively, the concentration of the purple membrane (or tau fibrils) in the adsorption buffer may be too low.

26| (Optional) If you observe purple membranes forming stacks or aggregates, ultrasonicate the adsorption buffer containing the  
purple membrane for 1–3 min and repeat adsorption. Ultrasonication dissolves purple membrane aggregates but not purple mem-
brane. Be aware that you may not ultrasonicate other protein samples, as they are usually much less stable than purple membrane.
? TROUBLESHOOTING

High-resolution FD-based AFM imaging  TIMING 2–4 h
27| After performing imaging overviews (Steps 23–26), zoom in on a selected area of your biological sample (Fig. 5).  
Preferably, this area should show flatly adsorbed purple membrane patches or tau fibrils. Adjust the amplitude by vertically 
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Figure 4 | FD-based AFM images of purple 
membrane adsorbed onto mica. (a–e) AFM 
topography (a), deformation map (b), adhesion 
map (c), DMT modulus map (d) and force error  
map (e). (a–e) Vertical scales correspond to 10 nm (a), 
0.5 nm (b), 40 pN (c), 8–90 MPa (d) and from −50 
pN to 50 pN (e). The red lines in the AFM images 
(a–e) indicate where the vertical profile shown 
below each image has been extracted. Gray lines in 
panels b–e show the topographic profile recorded 
in a. The topography shows densely packed 
patches of bacteriorhodopsin surrounded by thin 
rims of a lipid bilayer. Data were recorded in buffer 
solution (150 mM KCl, 10 mM Tris-HCl, pH 7.8), by 
applying an imaging force of 140 pN, a cantilever 
amplitude of 40 nm, a frequency of 2 kHz and a 
scanning frequency of 1 Hz per line. Note that a 
soft cantilever was chosen to measure the Young’s 
modulus of purple membrane, which gives a wrong 
estimate of the Young’s (DMT) modulus of mica 
(see ‘Critical cantilever selection’).
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To engage the AFM, increase the force slightly (through successive ~10 pN steps) as many times as needed to find the lowest 
possible force required to engage your AFM stylus.

 CRITICAL STEP Forcing the AFM stylus to approach the support may damage the AFM stylus. Such damage occurs by  
pressing the AFM stylus at very high force onto the support ( 500 pN). In addition, the feedback loop that limits the  
maximum force of the AFM stylus contacting the support should be set as fast as possible. Optimal gains are reached just 
below the gains that turn the feedback loop unstable and cause the AFM deflection error and height signals to oscillate.
? TROUBLESHOOTING

24| Image the sample by using the FD-based AFM mode. Adjust the lowest possible imaging force as described in  
Step 23 and optimize feedback gains. Depending on the piezoelectric scanner, one can obtain overview images at sizes  
ranging from ~10 to 50 m (Fig. 4). Large overview images should be obtained at minimal forces ( 500 pN) and  
scanning line frequencies (1–2 Hz), with a maximal feedback gain and at a resolution (i.e., pixel size) sufficient to observe 
structural details of the biological sample. The vertical amplitude of the FD curves should be rather high ( 40–60 nm) to 
compensate for larger obstacles and the tilt of the support. The scanning angle may be adjusted to compensate for the tilt 
of the support. Feedback gains are optimal if they are at their maximum possible values without causing the AFM cantilever 
(or piezoelectric scanner) to oscillate during imaging at minimal forces. Keep the scanning speed low to avoid crashing the 
AFM stylus into highly corrugated objects. If the sample is flat, the scanning speed may be increased.

 CRITICAL STEP Throughout imaging, the force applied to the AFM cantilever must be kept at the minimum possible  
values. Slightly increasing the forces deforms the flexible structural regions of the proteins reversibly, until the forces are so 
high that deformation becomes irreversible93,103,111. In many cases, the applied forces have to be adjusted to optimize the 
topographic contrast without deforming the sample.
? TROUBLESHOOTING

25| (Optional) To make sure that the imaging process is not destructive for the soft protein sample, we recommend  
repeatedly imaging the same area of the sample. When sample deformation occurs, the imaging force may be reduced, the 
vertical amplitude moving the cantilever up and down increased, the scanning line frequency decreased and/or the feedback 
gains optimized. Please also note that a large hysteresis between trace and retrace scanning lines can have several causes: 
first, the cantilever may not be attached properly to the fluid cell; second, the support may show defects (i.e., bubbles, 
soft glue, mica badly cleaved); and third, the feedback gains may be too low. If no membranes (or fibrils) are found on the 
support, excessive imaging forces may have been chosen, or the feedback of the AFM cantilever may have been incorrectly 
adjusted. Alternatively, the concentration of the purple membrane (or tau fibrils) in the adsorption buffer may be too low.

26| (Optional) If you observe purple membranes forming stacks or aggregates, ultrasonicate the adsorption buffer containing the  
purple membrane for 1–3 min and repeat adsorption. Ultrasonication dissolves purple membrane aggregates but not purple mem-
brane. Be aware that you may not ultrasonicate other protein samples, as they are usually much less stable than purple membrane.
? TROUBLESHOOTING

High-resolution FD-based AFM imaging  TIMING 2–4 h
27| After performing imaging overviews (Steps 23–26), zoom in on a selected area of your biological sample (Fig. 5).  
Preferably, this area should show flatly adsorbed purple membrane patches or tau fibrils. Adjust the amplitude by vertically 
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Figure 4 | FD-based AFM images of purple 
membrane adsorbed onto mica. (a–e) AFM 
topography (a), deformation map (b), adhesion 
map (c), DMT modulus map (d) and force error  
map (e). (a–e) Vertical scales correspond to 10 nm (a), 
0.5 nm (b), 40 pN (c), 8–90 MPa (d) and from −50 
pN to 50 pN (e). The red lines in the AFM images 
(a–e) indicate where the vertical profile shown 
below each image has been extracted. Gray lines in 
panels b–e show the topographic profile recorded 
in a. The topography shows densely packed 
patches of bacteriorhodopsin surrounded by thin 
rims of a lipid bilayer. Data were recorded in buffer 
solution (150 mM KCl, 10 mM Tris-HCl, pH 7.8), by 
applying an imaging force of 140 pN, a cantilever 
amplitude of 40 nm, a frequency of 2 kHz and a 
scanning frequency of 1 Hz per line. Note that a 
soft cantilever was chosen to measure the Young’s 
modulus of purple membrane, which gives a wrong 
estimate of the Young’s (DMT) modulus of mica 
(see ‘Critical cantilever selection’).

densely packed patches of 
Bacteriorhodopsin, lipid bilayer 

imaging force of 140 pN, a cantilever amplitude of 
40 nm, a frequency of 2 kHz and a scanning 
frequency of 1 Hz per line  
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moving the AFM stylus until the topographic contrast  
(or other contrast) is optimal. At the beginning, the  
amplitude may be adjusted roughly to the expected  
height of the object (e.g., membrane proteins, 4–15 nm; 
protein fibrils, 10–25 nm). Please note that at too-high 
amplitudes the force feedback may be impaired and the 
biological sample may be damaged.
? TROUBLESHOOTING

28| For high-resolution FD-AFM imaging, the imaging  
force needs to be minimized to detect the smallest  
possible structural details with a minimal deformation of 
the soft biological sample. Therefore, reduce the imaging 
force to a minimum and re-adjust the feedback gains until the contrast of the AFM topography is maximal and the error force 
is minimal (see Step 24). To determine the minimal force, reduce the imaging force to a value at which the stylus does not 
come into contact with the sample surface anymore. After this goal is achieved, slightly increase the imaging force until the 
topography of the sample appears. As a control, AFM topographs recorded in the trace and retrace scanning directions should 
show the same information (e.g., no lateral shift, height difference or structural difference of the biological object). Typical 
imaging forces are around or below 100 pN.

 CRITICAL STEP Some AFM systems make it possible to record FD curves at one or a few preset frequencies. Keep in mind 
that moving the cantilever up and down at small amplitudes comes along with a relatively long contact time between the 
stylus and the sample. Conversely, larger cantilever amplitudes reduce the contact time and increase the overall velocity of 
the cantilever. Increasing the contact time increases the probability that the sample nonspecifically adheres to the stylus.  
As a result, the withdrawing stylus may extract proteins from the membrane or fibril21,57,97. Furthermore, when moving the 
AFM stylus up and down in a sinusoidal manner, the velocity of the AFM stylus is nonlinear. Be aware that the velocity of the 
AFM stylus (i.e., force-loading rate) affects the mechanical response (e.g., stiffness) of the biological sample103. Thus, it is 
important to define the velocity of the AFM stylus to accurately describe the mechanical properties of a sample.
? TROUBLESHOOTING

29| Optimize the feedback gains by increasing the gains in small increments until the system oscillates, which is observed  
as fringes in the AFM topography or deflection error signal. Then reduce the gains slightly below this value. The scanning 
line frequency/velocity can be lowered to improve the feedback, as more FD curves per pixel can be achieved; however, 
recording too many FD curves per scanning area can damage the sample (see Steps 25 and 28).
? TROUBLESHOOTING

30| Fine-tune the feedback gains until topographic contrast becomes maximal and the imaging force error becomes  
minimal. The entire process we describe (Steps 28 and 29) may be fine-tuned iteratively.
? TROUBLESHOOTING

31| Reoptimize the FD-based AFM parameters when changing the scanning area, scanning speed or any other scanning  
parameter. Please note that when the scanning speed is too high, the cantilever cannot track the sample properly.  
As a result, long shadows and streaks will be observed in the topography and imaging force error image.
? TROUBLESHOOTING
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Figure 5 | High-resolution FD-based AFM of the extracellular purple 
membrane surface reveals sub-structural details of bacteriorhodopsin trimers. 
(a,b) Raw data (a) and average (b) AFM topography of bacteriorhodopsin 
trimers. (c,d) Raw data (c) and average (d) DMT modulus map. (e,f) Raw 
data (e) and average (f) deformation map. Averages were calculated from 
unit cells extracted at the positions from which the bacteriorhodopsin 
trimers were observed in the topograph87. (a–f) Vertical scales of  
0–1.0 nm (a,b), 5–18 MPa (c,d) and 0.2–1.2 nm (e,f). The red lines in the 
AFM images indicate where the vertical profile shown below each image has 
been extracted. Gray lines in c–f show the topographic profile recorded in  
a and b. Data were recorded in buffer solution (150 mM KCl, 10 mM Tris-HCl, 
pH 7.8), by applying an imaging force of 45 pN, a cantilever amplitude of  
14 nm, a frequency of 2 kHz and a scanning frequency of 0.77 Hz per line.

Topography 

imaging force of 45 pN, a cantilever amplitude of 14 nm, 
a frequency of 2 kHz and a scanning frequency of 0.77 Hz per line  
 

Young’s modulus: 
force needed to 
stretch / compress 
the sample  

Deformation 

Average Raw data 
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Imaging native membrane receptors and testing how they 
interact with ligands is of fundamental interest in the life 
sciences but has proven remarkably difficult to accomplish. 
Here, we introduce an approach that uses force-distance 
curve–based atomic force microscopy to simultaneously image 
single native G protein–coupled receptors in membranes and 
quantify their dynamic binding strength to native and synthetic 
ligands. We measured kinetic and thermodynamic parameters 
for individual protease-activated receptor-1 (PAR1) molecules 
in the absence and presence of antagonists, and these 
measurements enabled us to describe PAR1’s ligand-binding 
free-energy landscape with high accuracy. Our nanoscopic 
method opens an avenue to directly image and characterize 
ligand binding of native membrane receptors.

PAR1 belongs to the class A subfamily of G protein–coupled 
receptors (GPCRs), serves as a cell surface receptor for thrombin,  
and is expressed by platelets, endothelial cells, smooth muscle 
cells, fibroblasts and a variety of other cell types1–4. Together 
with the coagulation cascade, PAR1 links tissue injury to cellular  
responses that mediate hemostasis, inflammation and repair1. 
PAR1 is activated by an unusual proteolytic mechanism. Thrombin 
cleaves the N-terminal exodomain of the receptor at a specific 
site (Fig. 1a), which exposes the thrombin receptor–activating  
peptide (TRAP). This 6-amino-acid sequence, SFLLRN, works as 
a tethered ligand that binds to the receptor’s heptahelical bundle, 
affects transmembrane movement and activates G proteins1,2. 
Once activated, these G proteins signal through various down-
stream pathways5. However, it has been difficult to quantify how 
tethered ligands bind PAR1. Understanding this process is likely 
to illuminate peptide hormone–receptor interaction as well as 
tethered ligand mechanisms in general, which operate in multiple 
GPCR types6,7 and other biological regulators.

Force-distance curve–based atomic force microscopy (FD-based  
AFM) has recently matured into a nanoscopic tool that allows 
imaging of biological systems and simultaneous mapping 
of their multiple properties at nanometer or subnanometer  
resolution8–10. To achieve this, a tip mounted on an oscillating 

Imaging G protein–coupled receptors while quantifying 
their ligand-binding free-energy landscape
David Alsteens1,5, Moritz Pfreundschuh1,5, Cheng Zhang2,4, Patrizia M Spoerri1, Shaun R Coughlin3,  
Brian K Kobilka2 & Daniel J Müller1

cantilever is approached and retracted from the sample for every 
pixel of the AFM topograph (Fig. 1b,c and Supplementary Fig. 1).  
The deflection of the AFM cantilever corresponds to the interac-
tion forces between tip and sample11 (Fig. 1d), which can be dis-
played as force-versus-time or force-versus-distance (FD) curves. 
Analysis of these force curves allows the extraction of parameters 
including adhesion, contact force, sample deformation, energy 
dissipation and Young’s modulus8. Determined pixel for pixel, 
these parameters provide parametric maps complementing the 
sample topography. However, until now, FD-based AFM could 
not be applied to image native receptors and to quantify their 
mechanical, kinetic and thermodynamic binding to ligands.

Here we report an FD-based AFM approach that allowed  
us to image single human PAR1 molecules in proteoliposomes 
at high resolution (<5 nm) and to simultaneously characterize 
their ligand-binding energy landscape under physiologically  
relevant conditions. Our nanoscopic approach, combined with 
a new theoretical model, quantifies kinetic and thermodynamic 
parameters that describe the binding of PAR1 to native and  
synthetic ligands.

RESULTS
FD-based AFM of native PAR1 in proteoliposomes
Reconstitution of human PAR1 into proteoliposomes was con-
firmed by SDS-PAGE and single-molecule force spectroscopy 
(SMFS) (Supplementary Figs. 2 and 3). Unfolding single PAR1 
molecules by SMFS revealed reproducible patterns indicating that 
all PAR1 molecules in the proteoliposomes show the same fold. 
Because SMFS spectra recorded upon unfolding of PAR1 closely 
resembled those previously recorded for the human 2-adrenergic  
receptor ( 2AR)12, a class A GPCR showing high structural 
homology to PAR1 (ref. 13), we concluded that PAR1 folded  
correctly into the proteoliposomes14. For FD-based AFM  
we imaged PAR1 proteoliposomes adsorbed onto freshly  
cleaved mica in buffer solution at 37 °C (Fig. 2a). Most of the 
membrane patches showed sparsely distributed protrusions, 
which originated from single and clustered PAR1 molecules 
(Supplementary Figs. 4 and 5).

1Department of Biosystems Science and Engineering, Eidgenössische Technische Hochschule (ETH) Zurich, Basel, Switzerland. 2Department of Cellular Physiology and 
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3. Applications FD-based AFM 

Aim: image single native GPCRs in membranes and quantify 
their dynamic binding strength to native and synthetic ligands 
 
GPCR PAR1: Protease-activated receptor-1 
Receptor for thrombin, important in coagulation cascade 
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Imaging and detecting ligand-specific 
interactions of PAR1
To characterize ligand binding to PAR1, we 
covalently linked the native PAR1 N termi-
nus ending with the SFLLRN sequence to 
a poly(ethylene glycol) (PEG) spacer that 
was chemically attached to the AFM tip (Fig. 1a–c). This tethering 
mimicking the thrombin-cleaved N terminus of PAR1 ensured that 
our experiment represents the physiologically relevant situation. 
Using the functionalized AFM tip, we imaged PAR1 proteolipo-
somes and recorded pixel-by-pixel FD curves (Fig. 2b,c), from 
which we reconstructed sample topographs (Fig. 2d) and adhe-
sion maps (Fig. 2e and Supplementary Figs. 6 and 7). The retrac-
tion FD curves showed one of three characteristics (Fig. 2c): (i) no 
adhesion events, (ii) nonspecific adhesion events in the contact 
region (<4–5 nm) of tip and sample, or (iii) specific adhesion events 
distant (>5 nm) from the contact region. This distance criterion 
separating nonspecific from specific interactions ensures that the 
specific adhesion event originates from the ligand at the free end of 
the stretched PEG-polypeptide linker. The overlay of topography 
and adhesion map structurally correlated nonspecific and specific 
adhesion events (Fig. 2f). Very rarely (<0.1%, n > 10,000), FD 
curves detected nonspecific adhesion events on the lipid bilayer at 
distances within the nonspecific tip-sample contact region (<5 nm). 
However, no specific adhesion events were detected on membrane 
areas devoid of PAR1. We also observed that some PAR1 molecules 
did not interact with the functionalized AFM tip. As the ligand 
binds to the extracellular surface of PAR1 (Fig. 1a; ref. 15), this lack 
of specific binding events could have resulted from PAR1 molecules 
exposing their intracellular surface to the AFM tip. Alternatively, 
it could have been that the contact time (~1 ms) between AFM tip 

and proteoliposome was too short to allow ligand binding or that 
some PAR1 molecules resided in an inactive state16.

Finally, some force curves detected specific adhesion events 
ranging from 40 to 150 pN, at rupture distances >5 nm and closely 
localized to receptors (<10 nm). Small divergences in colocal-
izing PAR1 and specific interaction occurred because the native 
SFLLRN ligand was tethered to the AFM stylus via a long flexible  
PEG spacer and the polypeptide sequence of the thrombin-cleaved 
N terminus of PAR1 (Fig. 1c). To determine whether these bind-
ing events were specific, we performed four independent controls 
using (i) a bare (not functionalized) AFM tip, (ii) a tip functional-
ized with the PEG spacer carrying the PAR1 N terminus but with 
the SFLLRN ligand replaced by a Gly6 peptide, (iii) a tip func-
tionalized with the PEG spacer carrying the PAR1 N terminus  
but with the SFLLRN ligand scrambled to FLLNSR and (iv) 
the native SFLLRN ligand–functionalized tip after blocking 
PAR1 with the antagonist BMS-200261 (Supplementary Fig. 8;  
ref. 17). These controls showed that bare AFM tips and Gly6 and  
scrambled-sequence functionalized tips did not interact  
specifically with PAR1 and that the antagonist (BMS) abolished 
any specific interactions of the SFLLRN-functionalized AFM tip. 
This confirmed that the SFLLRN ligand bound to the tip could 
undergo specific interactions with PAR1.

In our FD-based AFM experiments, the oscillating tip touched 
the proteoliposomes at the end of every downward movement. 
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Figure 1 | Principle of FD-based AFM to 
detect ligand binding to PAR1. (a) (i) PAR1 
reconstituted in a lipid bilayer. Thrombin 
cleaves the N-terminal domain of the GPCR  
and exposes the SFLLRN sequence of the  
cleaved N terminus. This SFLLRN sequence 
functions as a tethered ligand and binds 
to PAR1 (ii). Once the ligand has bound to 
PAR1, the receptor is activated and initiates 
transmembrane signaling. (iii) Using an AFM 
tip derivatized with the N-terminal SFLLRN 
sequence to detect interaction forces with 
PAR1. PAR1 structure (PDB ID 3VW7) is taken 
from ref. 3. (b) Pixel-for-pixel FD-based AFM 
approaches and retracts the tip of an AFM 
cantilever from the sample to record interaction 
forces F over the tip-sample distance in FD 
curves (see also Supplementary Fig. 1). 
Therefore, the cantilever is oscillated in the 
kilohertz range (green curve). (c) AFM tip 
functionalized with a PEG spacer fused to 
the polypeptide of the native PAR1 terminus 
ending with the SFLLRN sequence. In follow-up 
experiments we replaced the SFLLRN sequence 
with various hexapeptides. (d) The sinusoidal 
movement of the cantilever allows intermittent 
contact of the tip with the sample. The recorded 
tip-sample interactions are displayed as force-
time or force-distance curves. Sample properties 
(adhesion, deformation) can be extracted from 
individual force curves8.

GPCR PAR1: Protease-activated receptor-1 
•  Receptor for thrombin, important in coagulation cascade 
•  TRAP: Thrombin receptor-activating peptide, binds to heptahelical bundle 
•  Quantify how tethered ligands bind PAR1 
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Imaging and detecting ligand-specific 
interactions of PAR1
To characterize ligand binding to PAR1, we 
covalently linked the native PAR1 N termi-
nus ending with the SFLLRN sequence to 
a poly(ethylene glycol) (PEG) spacer that 
was chemically attached to the AFM tip (Fig. 1a–c). This tethering 
mimicking the thrombin-cleaved N terminus of PAR1 ensured that 
our experiment represents the physiologically relevant situation. 
Using the functionalized AFM tip, we imaged PAR1 proteolipo-
somes and recorded pixel-by-pixel FD curves (Fig. 2b,c), from 
which we reconstructed sample topographs (Fig. 2d) and adhe-
sion maps (Fig. 2e and Supplementary Figs. 6 and 7). The retrac-
tion FD curves showed one of three characteristics (Fig. 2c): (i) no 
adhesion events, (ii) nonspecific adhesion events in the contact 
region (<4–5 nm) of tip and sample, or (iii) specific adhesion events 
distant (>5 nm) from the contact region. This distance criterion 
separating nonspecific from specific interactions ensures that the 
specific adhesion event originates from the ligand at the free end of 
the stretched PEG-polypeptide linker. The overlay of topography 
and adhesion map structurally correlated nonspecific and specific 
adhesion events (Fig. 2f). Very rarely (<0.1%, n > 10,000), FD 
curves detected nonspecific adhesion events on the lipid bilayer at 
distances within the nonspecific tip-sample contact region (<5 nm). 
However, no specific adhesion events were detected on membrane 
areas devoid of PAR1. We also observed that some PAR1 molecules 
did not interact with the functionalized AFM tip. As the ligand 
binds to the extracellular surface of PAR1 (Fig. 1a; ref. 15), this lack 
of specific binding events could have resulted from PAR1 molecules 
exposing their intracellular surface to the AFM tip. Alternatively, 
it could have been that the contact time (~1 ms) between AFM tip 

and proteoliposome was too short to allow ligand binding or that 
some PAR1 molecules resided in an inactive state16.

Finally, some force curves detected specific adhesion events 
ranging from 40 to 150 pN, at rupture distances >5 nm and closely 
localized to receptors (<10 nm). Small divergences in colocal-
izing PAR1 and specific interaction occurred because the native 
SFLLRN ligand was tethered to the AFM stylus via a long flexible  
PEG spacer and the polypeptide sequence of the thrombin-cleaved 
N terminus of PAR1 (Fig. 1c). To determine whether these bind-
ing events were specific, we performed four independent controls 
using (i) a bare (not functionalized) AFM tip, (ii) a tip functional-
ized with the PEG spacer carrying the PAR1 N terminus but with 
the SFLLRN ligand replaced by a Gly6 peptide, (iii) a tip func-
tionalized with the PEG spacer carrying the PAR1 N terminus  
but with the SFLLRN ligand scrambled to FLLNSR and (iv) 
the native SFLLRN ligand–functionalized tip after blocking 
PAR1 with the antagonist BMS-200261 (Supplementary Fig. 8;  
ref. 17). These controls showed that bare AFM tips and Gly6 and  
scrambled-sequence functionalized tips did not interact  
specifically with PAR1 and that the antagonist (BMS) abolished 
any specific interactions of the SFLLRN-functionalized AFM tip. 
This confirmed that the SFLLRN ligand bound to the tip could 
undergo specific interactions with PAR1.

In our FD-based AFM experiments, the oscillating tip touched 
the proteoliposomes at the end of every downward movement. 
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Figure 1 | Principle of FD-based AFM to 
detect ligand binding to PAR1. (a) (i) PAR1 
reconstituted in a lipid bilayer. Thrombin 
cleaves the N-terminal domain of the GPCR  
and exposes the SFLLRN sequence of the  
cleaved N terminus. This SFLLRN sequence 
functions as a tethered ligand and binds 
to PAR1 (ii). Once the ligand has bound to 
PAR1, the receptor is activated and initiates 
transmembrane signaling. (iii) Using an AFM 
tip derivatized with the N-terminal SFLLRN 
sequence to detect interaction forces with 
PAR1. PAR1 structure (PDB ID 3VW7) is taken 
from ref. 3. (b) Pixel-for-pixel FD-based AFM 
approaches and retracts the tip of an AFM 
cantilever from the sample to record interaction 
forces F over the tip-sample distance in FD 
curves (see also Supplementary Fig. 1). 
Therefore, the cantilever is oscillated in the 
kilohertz range (green curve). (c) AFM tip 
functionalized with a PEG spacer fused to 
the polypeptide of the native PAR1 terminus 
ending with the SFLLRN sequence. In follow-up 
experiments we replaced the SFLLRN sequence 
with various hexapeptides. (d) The sinusoidal 
movement of the cantilever allows intermittent 
contact of the tip with the sample. The recorded 
tip-sample interactions are displayed as force-
time or force-distance curves. Sample properties 
(adhesion, deformation) can be extracted from 
individual force curves8.

•  Functionalize the AFM tip with the TRAP: physiological condition 
•  If brought to contact, ligand and receptor can bind 
•  Retraction breaks the specific bond, the required force is measured by the 
    deflecting AFM cantilever 
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Optimal conditions to detect ligand-specific interactions were 
found at oscillation frequencies of 0.25 kHz and amplitudes of 
50 nm. Under these conditions, the contact time between the 
AFM tip carrying the ligand and the membrane was ~1 ms. 
How could the SFLLRN ligand bind PAR1 over such short time 
spans? In FD-based AFM the ligand is repeatedly brought in 
close proximity (binding radius is limited by linker length) to 
its protein target (PAR1), where binding is allowed for a certain 
time period. During this period the effective concentration of 
the ligand increases from infinitely low (ligand kept separated 
from PAR1) to molar range (ligand brought close to PAR1).  
At such a high concentration, ligand binding to the receptor is 
not in equilibrium, thereby forcing the association of the ligand-
receptor pair. Similarly, previous FD-based AFM studies have 
shown that contact times of ~1 ms are sufficient to enable the 
specific binding of Ni2+-N-nitrilotriacetate groups held in close 
proximity to histidine residues9,18. This non-equilibrium condi-
tion, which is the native situation for the SFLLRN ligand tethered 
to the N-terminal end of PAR1 (Fig. 1; ref. 1), explains why we 
could measure ligand binding to PAR1 in relatively short contact 
times, but it also suggests that our approach could in principle 
force even low-affinity ligands to bind the receptor.

Approaching the free-energy landscape of the receptor
Generally, force-probing methods such as FD-based AFM mea-
sure the strength of single bonds under an externally applied force. 
Described by the Bell-Evans model19,20, an external force stressing 
a bond reduces the activation-energy barrier toward dissociation 
and, hence, reduces the lifetime of the ligand-receptor pair21,22 
(Fig. 3a). The model predicts that far from equilibrium, the rupture  
force (e.g., binding strength) of the ligand-receptor bond is 
proportional to the logarithm of the loading rate, LR, which 
describes the force applied over time. Recently, Friddle, Noy 
and de Yoreo introduced a model to interpret the nonlinearity of 
the rupture forces measured over a wide range of LRs and sug-
gested that this nonlinearity arises through the re-formation of 
bonds at small LRs23. Such bond re-formation is supported by the  

Figure 2 | Mapping ligand binding to  
human PAR1 using FD-based AFM.  
(a) Overview topography (height image)  
of human PAR1 reconstituted in liposomes  
made of 0.5 mg ml−1 phospholipids (DOPC) 
and 0.05 mg ml−1 of the cholesterol analog 
cholesteryl hemisuccinate (CHS) (Online 
Methods). (b) The topograph in a was  
taken with the SFLLRN ligand–functionalized 
AFM tip oscillated at 0.25 kHz and  
amplitudes of 50 nm. The membrane  
patches protruded 4.5  0.7 nm  
(average  s.d., n = 10) from the mica  
substrate (see Supplementary Fig. 4).  
TRAP, thrombin receptor–activating  
peptide. (c) Representative force-distance 
curves recorded between the tip and the  
PAR1 proteoliposome. (d,e) Topograph (d)  
and adhesion map (e) of the boxed area in a.  
For visibility, adhesion pixels were enlarged 
4× (e). (f) Overlay of adhesive interactions 
(red) with a representative AFM topograph (gray). Dashed circles and numbers localize force curves recorded in c. Similar results were obtained in 10 
independent experiments. Other examples of topographs and adhesion maps are shown in Supplementary Figure 7.

confining potential of the force transducer. This model provides  
direct access to the equilibrium free energy Gbu between bound 
and unbound states (Fig. 3a). We therefore asked how we could 
use FD-based AFM to extract free-energy landscape parameters 
of ligand-receptor bonds.

Conventionally, to approach the free-energy landscape param-
eters of ligand binding to a receptor requires the acquisition of 
force spectra over a wide range of LRs21,24,25. Thus, one would 
have to record many FD-based AFM images of PAR1 at different 
velocities separating the functionalized AFM tip from the sample. 
However, our FD-based AFM oscillates the AFM cantilever at a 
fixed frequency (0.25 kHz) in a sinusoidal manner to approach 
and separate AFM tip and sample8. For an oscillation amplitude 
of 50 nm, the pulling velocity thus varies from approximately  
0 to 80 m s−1 (Fig. 3b). Depending at which distance (or time) 
of the tip movement the ligand-receptor bond ruptures, this wide 
range of pulling velocities applies an enormous span of LRs to 
the bond. The tip-sample distance of the rupture event is influ-
enced by different factors such as the localization of the ligand on  
the apex of the tip, the protruding height of the receptor from  
the membrane, and the relative position of the ligand tethered  
to the tip and the receptor. Importantly, because the time  
period tp stressing the bond is very brief (~0.15 ms), the pull-
ing velocity and, thus, the LR during the rupture process can  
be considered constant (Fig. 3c). To determine the LR for 
each bond rupture force, we displayed the FD curve as a force-
time curve (Fig. 3d). From this force-time curve, the LR was  
determined (Fig. 3d,e).

Determining the free-energy landscape parameters
To quantify the free-energy landscape of the SFLLRN ligand 
binding to native PAR1, we analyzed the specific rupture events 
detected by FD-based AFM. The dynamic force spectroscopy 
(DFS) plot showed that SFLLRN-PAR1 bonds ruptured at forces 
ranging from 40 to 150 pN and at LRs ranging from 4,000 to 
1,100,000 pN s−1 (Fig. 4a). These rupture forces depend nonlin-
early on the logarithm of the LR.
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Imaging and detecting ligand-specific 
interactions of PAR1
To characterize ligand binding to PAR1, we 
covalently linked the native PAR1 N termi-
nus ending with the SFLLRN sequence to 
a poly(ethylene glycol) (PEG) spacer that 
was chemically attached to the AFM tip (Fig. 1a–c). This tethering 
mimicking the thrombin-cleaved N terminus of PAR1 ensured that 
our experiment represents the physiologically relevant situation. 
Using the functionalized AFM tip, we imaged PAR1 proteolipo-
somes and recorded pixel-by-pixel FD curves (Fig. 2b,c), from 
which we reconstructed sample topographs (Fig. 2d) and adhe-
sion maps (Fig. 2e and Supplementary Figs. 6 and 7). The retrac-
tion FD curves showed one of three characteristics (Fig. 2c): (i) no 
adhesion events, (ii) nonspecific adhesion events in the contact 
region (<4–5 nm) of tip and sample, or (iii) specific adhesion events 
distant (>5 nm) from the contact region. This distance criterion 
separating nonspecific from specific interactions ensures that the 
specific adhesion event originates from the ligand at the free end of 
the stretched PEG-polypeptide linker. The overlay of topography 
and adhesion map structurally correlated nonspecific and specific 
adhesion events (Fig. 2f). Very rarely (<0.1%, n > 10,000), FD 
curves detected nonspecific adhesion events on the lipid bilayer at 
distances within the nonspecific tip-sample contact region (<5 nm). 
However, no specific adhesion events were detected on membrane 
areas devoid of PAR1. We also observed that some PAR1 molecules 
did not interact with the functionalized AFM tip. As the ligand 
binds to the extracellular surface of PAR1 (Fig. 1a; ref. 15), this lack 
of specific binding events could have resulted from PAR1 molecules 
exposing their intracellular surface to the AFM tip. Alternatively, 
it could have been that the contact time (~1 ms) between AFM tip 

and proteoliposome was too short to allow ligand binding or that 
some PAR1 molecules resided in an inactive state16.

Finally, some force curves detected specific adhesion events 
ranging from 40 to 150 pN, at rupture distances >5 nm and closely 
localized to receptors (<10 nm). Small divergences in colocal-
izing PAR1 and specific interaction occurred because the native 
SFLLRN ligand was tethered to the AFM stylus via a long flexible  
PEG spacer and the polypeptide sequence of the thrombin-cleaved 
N terminus of PAR1 (Fig. 1c). To determine whether these bind-
ing events were specific, we performed four independent controls 
using (i) a bare (not functionalized) AFM tip, (ii) a tip functional-
ized with the PEG spacer carrying the PAR1 N terminus but with 
the SFLLRN ligand replaced by a Gly6 peptide, (iii) a tip func-
tionalized with the PEG spacer carrying the PAR1 N terminus  
but with the SFLLRN ligand scrambled to FLLNSR and (iv) 
the native SFLLRN ligand–functionalized tip after blocking 
PAR1 with the antagonist BMS-200261 (Supplementary Fig. 8;  
ref. 17). These controls showed that bare AFM tips and Gly6 and  
scrambled-sequence functionalized tips did not interact  
specifically with PAR1 and that the antagonist (BMS) abolished 
any specific interactions of the SFLLRN-functionalized AFM tip. 
This confirmed that the SFLLRN ligand bound to the tip could 
undergo specific interactions with PAR1.

In our FD-based AFM experiments, the oscillating tip touched 
the proteoliposomes at the end of every downward movement. 
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Figure 1 | Principle of FD-based AFM to 
detect ligand binding to PAR1. (a) (i) PAR1 
reconstituted in a lipid bilayer. Thrombin 
cleaves the N-terminal domain of the GPCR  
and exposes the SFLLRN sequence of the  
cleaved N terminus. This SFLLRN sequence 
functions as a tethered ligand and binds 
to PAR1 (ii). Once the ligand has bound to 
PAR1, the receptor is activated and initiates 
transmembrane signaling. (iii) Using an AFM 
tip derivatized with the N-terminal SFLLRN 
sequence to detect interaction forces with 
PAR1. PAR1 structure (PDB ID 3VW7) is taken 
from ref. 3. (b) Pixel-for-pixel FD-based AFM 
approaches and retracts the tip of an AFM 
cantilever from the sample to record interaction 
forces F over the tip-sample distance in FD 
curves (see also Supplementary Fig. 1). 
Therefore, the cantilever is oscillated in the 
kilohertz range (green curve). (c) AFM tip 
functionalized with a PEG spacer fused to 
the polypeptide of the native PAR1 terminus 
ending with the SFLLRN sequence. In follow-up 
experiments we replaced the SFLLRN sequence 
with various hexapeptides. (d) The sinusoidal 
movement of the cantilever allows intermittent 
contact of the tip with the sample. The recorded 
tip-sample interactions are displayed as force-
time or force-distance curves. Sample properties 
(adhesion, deformation) can be extracted from 
individual force curves8.

•  Adhesion: Minimal force of the retraction FD curve  
•  Deformation: The difference between two applied 
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Optimal conditions to detect ligand-specific interactions were 
found at oscillation frequencies of 0.25 kHz and amplitudes of 
50 nm. Under these conditions, the contact time between the 
AFM tip carrying the ligand and the membrane was ~1 ms. 
How could the SFLLRN ligand bind PAR1 over such short time 
spans? In FD-based AFM the ligand is repeatedly brought in 
close proximity (binding radius is limited by linker length) to 
its protein target (PAR1), where binding is allowed for a certain 
time period. During this period the effective concentration of 
the ligand increases from infinitely low (ligand kept separated 
from PAR1) to molar range (ligand brought close to PAR1).  
At such a high concentration, ligand binding to the receptor is 
not in equilibrium, thereby forcing the association of the ligand-
receptor pair. Similarly, previous FD-based AFM studies have 
shown that contact times of ~1 ms are sufficient to enable the 
specific binding of Ni2+-N-nitrilotriacetate groups held in close 
proximity to histidine residues9,18. This non-equilibrium condi-
tion, which is the native situation for the SFLLRN ligand tethered 
to the N-terminal end of PAR1 (Fig. 1; ref. 1), explains why we 
could measure ligand binding to PAR1 in relatively short contact 
times, but it also suggests that our approach could in principle 
force even low-affinity ligands to bind the receptor.

Approaching the free-energy landscape of the receptor
Generally, force-probing methods such as FD-based AFM mea-
sure the strength of single bonds under an externally applied force. 
Described by the Bell-Evans model19,20, an external force stressing 
a bond reduces the activation-energy barrier toward dissociation 
and, hence, reduces the lifetime of the ligand-receptor pair21,22 
(Fig. 3a). The model predicts that far from equilibrium, the rupture  
force (e.g., binding strength) of the ligand-receptor bond is 
proportional to the logarithm of the loading rate, LR, which 
describes the force applied over time. Recently, Friddle, Noy 
and de Yoreo introduced a model to interpret the nonlinearity of 
the rupture forces measured over a wide range of LRs and sug-
gested that this nonlinearity arises through the re-formation of 
bonds at small LRs23. Such bond re-formation is supported by the  

Figure 2 | Mapping ligand binding to  
human PAR1 using FD-based AFM.  
(a) Overview topography (height image)  
of human PAR1 reconstituted in liposomes  
made of 0.5 mg ml−1 phospholipids (DOPC) 
and 0.05 mg ml−1 of the cholesterol analog 
cholesteryl hemisuccinate (CHS) (Online 
Methods). (b) The topograph in a was  
taken with the SFLLRN ligand–functionalized 
AFM tip oscillated at 0.25 kHz and  
amplitudes of 50 nm. The membrane  
patches protruded 4.5  0.7 nm  
(average  s.d., n = 10) from the mica  
substrate (see Supplementary Fig. 4).  
TRAP, thrombin receptor–activating  
peptide. (c) Representative force-distance 
curves recorded between the tip and the  
PAR1 proteoliposome. (d,e) Topograph (d)  
and adhesion map (e) of the boxed area in a.  
For visibility, adhesion pixels were enlarged 
4× (e). (f) Overlay of adhesive interactions 
(red) with a representative AFM topograph (gray). Dashed circles and numbers localize force curves recorded in c. Similar results were obtained in 10 
independent experiments. Other examples of topographs and adhesion maps are shown in Supplementary Figure 7.

confining potential of the force transducer. This model provides  
direct access to the equilibrium free energy Gbu between bound 
and unbound states (Fig. 3a). We therefore asked how we could 
use FD-based AFM to extract free-energy landscape parameters 
of ligand-receptor bonds.

Conventionally, to approach the free-energy landscape param-
eters of ligand binding to a receptor requires the acquisition of 
force spectra over a wide range of LRs21,24,25. Thus, one would 
have to record many FD-based AFM images of PAR1 at different 
velocities separating the functionalized AFM tip from the sample. 
However, our FD-based AFM oscillates the AFM cantilever at a 
fixed frequency (0.25 kHz) in a sinusoidal manner to approach 
and separate AFM tip and sample8. For an oscillation amplitude 
of 50 nm, the pulling velocity thus varies from approximately  
0 to 80 m s−1 (Fig. 3b). Depending at which distance (or time) 
of the tip movement the ligand-receptor bond ruptures, this wide 
range of pulling velocities applies an enormous span of LRs to 
the bond. The tip-sample distance of the rupture event is influ-
enced by different factors such as the localization of the ligand on  
the apex of the tip, the protruding height of the receptor from  
the membrane, and the relative position of the ligand tethered  
to the tip and the receptor. Importantly, because the time  
period tp stressing the bond is very brief (~0.15 ms), the pull-
ing velocity and, thus, the LR during the rupture process can  
be considered constant (Fig. 3c). To determine the LR for 
each bond rupture force, we displayed the FD curve as a force-
time curve (Fig. 3d). From this force-time curve, the LR was  
determined (Fig. 3d,e).

Determining the free-energy landscape parameters
To quantify the free-energy landscape of the SFLLRN ligand 
binding to native PAR1, we analyzed the specific rupture events 
detected by FD-based AFM. The dynamic force spectroscopy 
(DFS) plot showed that SFLLRN-PAR1 bonds ruptured at forces 
ranging from 40 to 150 pN and at LRs ranging from 4,000 to 
1,100,000 pN s−1 (Fig. 4a). These rupture forces depend nonlin-
early on the logarithm of the LR.
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Figure 3 | Extracting energetic, thermodynamic 
and kinetic parameters from force curves  
describes the ligand-binding free-energy  
landscape. (a) According to the Bell-Evans  
model21, a ligand-receptor bond can be described  
using a simple two-state model. The bound state 
resides in an energy valley and is separated  
by an energy barrier from the unbound state.  
The transition state (‡) must be overcome to  
separate ligand and receptor. xu represents the  
distance between bound state and transition  
state, koff

0 and koff are transition rates for  
crossing the energy barrier under zero force  
and applied force F, respectively. G‡ gives the 
activation free energy to cross the transition  
state and Gbu the free-energy difference between 
bound and unbound state. (b) Oscillation  
of the tip with an amplitude of 50 nm and a  
frequency of 0.25 Hz induces a variation in the  
tip height (top) with a nonconstant tip velocity 
(bottom). (c) Because the time period ( tp) 
stressing the bond until it ruptures is very brief  
(0.15  0.11 ms; mean  s.d.), the speed of the  
tip during tp, and thus the loading rate, can  
be considered constant. n gives the number of  
rupture events analyzed; values are binned by  
0.05 ms. (d) A force-distance curve can be displayed as a force-time curve, from which the loading rate can be extracted via the slope of the curve just 
before bond rupture (LR = F/ t). (e) Representative force-distance curves (from n > 1,000 force curves) recorded at different loading rates.

To fit the data of the DFS plot, we used the analytical approxi-
mation of the Friddle–Noy–de Yoreo model23: 

F F F e R Feq eqln 1

with 

F k T R F r
k F F

F k G
x
b
u

eq
off eq

eq eff buand, 2

Feq is the equilibrium force for the bond-transducer system,  
F  the thermal force,  Euler’s constant, kb the Boltzmann constant,  
T the temperature and keff the effective spring constant of canti-
lever and linker. keff is calculated using the cantilever stiffness kc 
and the PEG-polypeptide linker stiffness kL tethering the PAR1 
ligand to the AFM tip. kL is estimated by combining the model 
for PEG elasticity26 with the worm-like chain model (WLC) 
describing the polypeptide extension27 (Supplementary Fig. 9 
and Supplementary Note). This stiffness keff of the cantilever-
PEG-polypeptide linker system describes the rupture force peaks 
of the ligand-receptor bonds very well (Supplementary Figs. 10 
and 11). Feq, representing the lowest force required to break a 
bond for a given keff, has been determined by theoretical and 
experimental studies28–30.

Fitting equation (1) to the DFS plot within 99% confidence 
and prediction intervals described the experimental data well 
and extracted the free-energy landscape parameters of the native 
ligand-receptor bond (Fig. 4a). We found distances from the 
bound state to the transition state barrier of ~0.6 Å, which is in 
good agreement with values determined for cell surface receptors  
bound to peptide-based ligands (e.g., 2 1-integrin–binding 
RGD peptides)31. The SFLLRN ligand showed rapid dissociation 
rates of ~3,621 s−1 from PAR1, which were predicted for other 

(1)(1)

ligands binding to GPCRs such as procaterol binding to human 
2AR32. Furthermore, the binding equilibrium free energy Gbu 

of −11.22 kcal mol−1 corresponds to a dissociation constant Kd 
of ~350 nM (using the relation Gbu = kbT × ln(0.018Kd), where 
0.018 l mol−1 is the partial molar volume of water), which is on 
the same order as the EC50 (half-maximal effective concentration) 
of ~800 nM found in platelet aggregation assays33. A Kd in this 
range is expected for high-affinity interactions.

We then investigated whether the FD-based AFM experiment 
influenced the energy landscape parameters determined. Therefore, 
we doubled the drive frequency oscillating the tip to 0.5 kHz  
(Supplementary Fig. 12). As expected, the forces required to  
rupture the ligand-receptor bond shifted toward higher LRs. This 
shift, however, did not change the kinetic and thermodynamic 
parameters estimated from fitting the rupture forces. In sum-
mary, these results highlight that FD-based AFM, combined with 
a new theoretical approach, was suitable to quantify the kinetic 
and thermodynamic binding of a ligand to native PAR1.

Quantifying subtle differences among ligands
Next, we wanted to test whether our nanoscopic approach was 
sufficiently sensitive to detect differences in the free-energy 
landscape of different ligands binding to PAR1. PAR1 activation 
strongly depends on the sequence of the SFLLRN peptide, with the 
phenylalanine and the arginine being important for affinity33–35.  
We therefore analyzed the influence of these two residues by replac-
ing them individually with alanine. Interestingly, substituting  
the arginine residue of the native SFLLRN ligand with alanine 
dropped the equilibrium free energy of ligand binding to  
−8.61 kcal mol−1 and reduced affinity to Kd  30 M (Fig. 4b). 
The DFS plot recorded using the SALLRN peptide revealed a 
reduced binding equilibrium free energy of −5.73 kcal mol−1 and 
low affinity of Kd  3,500 M for PAR1 (Fig. 4c). This affinity is 
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in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.

•  Force required to separate the ligand from PAR1 is plotted against the loading rate 
•  Loading rate: describes the force applied over time 

•  SFLLRN: Phenylalanine and Arginine important for specificity 
•  Replace by Alanine: SALLRN and SFLLAN 
•  SALLRN: ∆Gbu	
  =	
  –5.73	
  ±	
  3.76	
  kcal	
  mol–1	
   
•  SFLLAN: ∆Gbu	
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  –8.61	
  ±	
  0.82	
  kcal	
  mol–1	
  	
  
•  reduced free energy difference, abolished high-affinity binding 
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in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.
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in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.

NATURE METHODS | ADVANCE ONLINE PUBLICATION | 5

ARTICLES

in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.
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in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.
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in the typical millimolar range for nonaffinity ligands and agrees  
well with platelet aggregation assays detecting no response 
at 200 M SALLRN33. These results show that substitution of  
phenylalanine or of arginine by alanine in the SFLLRN sequence 
abolished high-affinity interactions with PAR1, which is consistent 
with previous functional studies of PAR1 activation by SFLLRN-
based peptides33,34 and mutational studies of the SFLLRN  
native tethered ligand35.

Through a systematic approach toward developing high-affinity 
TRAPs, Ala-Phe(p-F)-Arg-Cha-HArg-Tyr was found to have the 
greatest potency to bind PAR1 (ref. 36). To quantify the binding 
of this synthetic ligand, we attached it to the AFM tip as described 
(Fig. 2) and conducted FD-based AFM of PAR1 proteoliposomes. 
The DFS plot showed that the binding strengths of the synthetic 
ligand were much higher than those of all other ligands probed 
(Fig. 4d). Fitting the plot with the Friddle–Noy–de Yoreo model 
revealed that among the ligands probed, the synthetic ligand  
binding to PAR1 showed the highest equilibrium free energy  
values: Gbu  –11.77 kcal mol−1, corresponding to an affinity of 
Kd  100 nM (Supplementary Table 1).

Taken together, our FD-based AFM approach revealed  
subtle differences in the energy landscape of different ligands 
binding to native PAR1. Altered ligands known to have reduced 
function at PAR1 showed reduced binding free energy and  
affinity, whereas a synthetic ligand known to have higher 
potency showed higher binding free energy and affinity than the  
native TRAP ligand.

Mechanistic insights into vorapaxar inhibition of PAR1
Vorapaxar, a PAR1 antagonist, attenuates thrombin-induced 
platelet activation and was recently approved for secondary pre-
vention of heart attacks and strokes37. Vorapaxar binds PAR1 in a 
shallow extracellular binding pocket composed of residues from 
transmembrane helices 3–7 and extracellular loops 2 and 3 (ref. 3).  
Although the binding site of vorapaxar is known3, details of how 
vorapaxar prevents receptor activation are not understood. To 
this end, we measured the binding strength of the SFLLRN and 
the SFLLAN peptides to PAR1 blocked by vorapaxar (Fig. 4e,f). 
Surprisingly, whereas the antagonist BMS completely abolished 
interactions of PAR1 with SFLLRN (Supplementary Fig. 8g,h), 
vorapaxar did not fully block these (Fig. 4e). Vorapaxar lowered 
the binding strength of SFLLRN to PAR1, raised the free energy of 
ligand binding by ~2.84 kcal mol−1 to a value of ~–8.38 kcal mol−1  
and lowered the ligand-receptor affinity, formerly ~350 nM,  
to ~40 M (Fig. 4e). This suggests that vorapaxar perturbs but 
does not completely inhibit the binding of the SFLLRN peptide 
to PAR1. Because PAR1 complexed with vorapaxar is functionally 
inhibited, this suggests that high-affinity binding of the native 
ligand is required to fully activate PAR1. Interestingly, the bind-
ing strength of the SFLLAN peptide to PAR1 remained nearly 
unchanged in the presence of vorapaxar (Fig. 4b,f).

Free-energy landscape of free and vorapaxar-inhibited PAR1
Using the parameters determined for ligands binding to PAR1 
(Fig. 4), we reconstructed the free-energy landscape for each of 
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Figure 4 | Loading rate–dependent interaction forces of single ligand-receptor bonds quantitate the ligand-binding energy landscape of PAR1.  
(a–d) For four different peptides SFLLRN (a), SFLLAN (b), SALLRN (c), and A(pF-F)RChahRY (d), the force required to separate the ligand from PAR1 is 
plotted against the loading rate. (e,f) For SFLLRN (e) and SFLLAN (f), the force required to separate the ligand from PAR1 complexed with the antagonist 
vorapaxar is given. Each DFS plots contain more than 300 (a–d) or 150 (e,f) measurements. Fitting the data using the Friddle–Noy–de Yoreo model  
(thin lines)23 provides average Feq, xu, Gbu, koff

0 and residence time ( 0.5) values with errors representing the s.e.m. Values showing an s.e.m. two times 
higher than the average values are not given. Each circle represents one measurement. Darker shaded areas represent 99% confidence intervals,  
and lighter shaded areas represent 99% of prediction intervals.
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the ligands tested (Fig. 5a,b). The landscapes highlight that the 
native SFLLRN ligand binds PAR1 at highest affinity, whereas 
ligands with substitutions known to decrease potency bind at 
lower affinity. Furthermore, the free-energy barrier separating 
the ligand-bound state from the unbound state is much larger 
for the native ligand, thereby forming a wider free-energy valley.  
The smaller the free energy (or affinity) stabilizing the ligand-
receptor bond, the smaller this distance to the transition state and, 
thus, the narrower the energy valley (Fig. 5b). A wider energy 
valley can host more conformational substates than a narrower 
valley38–40. Consequently, the native ligand energetically maxi-
mizes the bound state and allows PAR1 to adopt a conforma-
tional variability higher than those allowed by the other ligands.  
One may speculate that this conformational variability permits 
the receptor to undergo structural changes to initiate signal  
transduction without unbinding of the ligand.

The full antagonist vorapaxar blocks PAR1 activation by 
SFLLRN37. Whether it physically occludes the SFLLRN-binding 
site or prevents PAR1 from accessing conformations capable of 
binding SFLLRN is unknown. However, FD-based AFM detected 
that the native SFLLRN ligand bound vorapaxar-blocked PAR1 at 
much lower equilibrium free energy and transition-state distance 
(Fig. 5c,d). Intriguingly, the affinity of the interaction between 
SFLLRN and vorapaxar-PAR1 was similar to that of the low-affinity  
SFLLAN peptide binding to free PAR1 (Fig. 5a–d). Our results 
thus suggest that vorapaxar prevents SFLLRN from access-
ing the high-affinity ligand-binding site of PAR1 (ref. 3).  
Furthermore, within the accuracy of our method, SFLLAN 
showed no change in binding affinity to vorapaxar-blocked and 
free PAR1. This suggests that the alternative low-affinity ligand-
binding site is not blocked by vorapaxar. Because vorapaxar blocks 
high-affinity but not low-affinity binding of the native ligand, we 
suspect that PAR1 exposes at least two ligand-binding sites or 
states, with the high-affinity ligand binding being required to 
functionally activate the GPCR. Whereas the high-affinity site is 
sensitive to vorapaxar and to changes in the SFLLRN sequence, 
the alternative low-affinity binding site (or sites) appears to bind 
SFLLRN and SFLLAN equally well. The low-affinity site (or sites) 

is therefore less specific for the structure of the SFLLRN ligand 
and, as vorapaxar did not alter SFLLAN-binding, is not masked or 
occluded by the unbound and antagonist-bound conformations 
of the receptor. Whether the low-affinity site is involved in the 
physiological receptor activation is unknown. Previous studies 
demonstrating roles for the extracellular loops of PAR1 in teth-
ered ligand function have led to a speculative model in which 
initial binding of the peptide ligand occurs at the extracellular 
loops before it penetrates into the core of the receptor through a 
sequence of conformational intermediates3,35. Our observation 
supports such a two-step binding mechanism, in which the TRAP 
first binds to the superficial low-affinity binding site at the extra-
cellular surface and then to the central high-affinity binding site 
toward activating PAR1 (ref. 3; Fig. 5e).

DISCUSSION
Although the crystal structures of PAR1 and of many other 
GPCRs have been solved3,13,16,32, quantifying ligand binding to 
membrane receptors remains challenging. Here we introduced 
an FD-based AFM approach that we used to image human PAR1 
molecules in proteoliposomes at high resolution and to simultane-
ously quantify their dynamic binding strength to different ligands. 
Our single-molecule method allowed us to efficiently characterize 
the free-energy landscape of ligands binding to PAR1 (Fig. 4). 
The sinusoidal moving AFM tip largely varies velocity, which, 
along with the variable elastic stiffness of the cantilever-PEG-
polypeptide linker system, accounts for a wide span of LRs applied 
to probe the ligand-receptor bond. Such a wide span is required 
to explore the thermodynamic regime and to a lesser extent 
the kinetic regime of the bond. Currently, most commercially  
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Figure 5 | Free-energy landscape describing the thermodynamic ( Gbu) 
and kinetic (xu) parameters of peptide-based ligands binding to PAR1. 
(a) Cartoon showing a peptide-based ligand binding to PAR1 through a 
high-affinity binding site, which is expected to be in the region shaded 
red3. (b) Free-energy binding landscape of three different peptide-
based ligands depends on the sequence of the peptide. xu represents the 
distance to the transition state separating the ligand-bound and unbound 
state and is indicated for each peptide by horizontal arrows. Gbu gives 
the free-energy difference between the ligand-bound and unbound states 
and is indicated for each peptide by vertical arrows. (c) Cartoon showing a 
peptide-based ligand interacting to vorapaxar-bound PAR1 through a low-
affinity binding site, which is expected to be in the region shaded green. 
(d) Free-energy landscape of ligands binding to vorapaxar-bound PAR1. 
PAR1 structures are shown in the vorapaxar-bound state (PDB ID 3VW7). 
(e) Binding model of the native SFLLRN ligand (red) to PAR1. For both the 
vorapaxar-inhibited and unbound states of PAR1, the ligand binds at low 
affinity to the extracellular PAR1 surface, from which extracellular loops 
2 and 3 have been proposed to bind the ligand3. In the presence of the 
antagonist vorapaxar, the native ligand cannot bind to the high-affinity 
binding site (or state). In the absence of vorapaxar, the native ligand 
can bind the high-affinity site; this functionally activates PAR1, leading 
to the binding of Gq, a class of G proteins that participate in a variety of 
cellular signaling pathways.
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the ligands tested (Fig. 5a,b). The landscapes highlight that the 
native SFLLRN ligand binds PAR1 at highest affinity, whereas 
ligands with substitutions known to decrease potency bind at 
lower affinity. Furthermore, the free-energy barrier separating 
the ligand-bound state from the unbound state is much larger 
for the native ligand, thereby forming a wider free-energy valley.  
The smaller the free energy (or affinity) stabilizing the ligand-
receptor bond, the smaller this distance to the transition state and, 
thus, the narrower the energy valley (Fig. 5b). A wider energy 
valley can host more conformational substates than a narrower 
valley38–40. Consequently, the native ligand energetically maxi-
mizes the bound state and allows PAR1 to adopt a conforma-
tional variability higher than those allowed by the other ligands.  
One may speculate that this conformational variability permits 
the receptor to undergo structural changes to initiate signal  
transduction without unbinding of the ligand.

The full antagonist vorapaxar blocks PAR1 activation by 
SFLLRN37. Whether it physically occludes the SFLLRN-binding 
site or prevents PAR1 from accessing conformations capable of 
binding SFLLRN is unknown. However, FD-based AFM detected 
that the native SFLLRN ligand bound vorapaxar-blocked PAR1 at 
much lower equilibrium free energy and transition-state distance 
(Fig. 5c,d). Intriguingly, the affinity of the interaction between 
SFLLRN and vorapaxar-PAR1 was similar to that of the low-affinity  
SFLLAN peptide binding to free PAR1 (Fig. 5a–d). Our results 
thus suggest that vorapaxar prevents SFLLRN from access-
ing the high-affinity ligand-binding site of PAR1 (ref. 3).  
Furthermore, within the accuracy of our method, SFLLAN 
showed no change in binding affinity to vorapaxar-blocked and 
free PAR1. This suggests that the alternative low-affinity ligand-
binding site is not blocked by vorapaxar. Because vorapaxar blocks 
high-affinity but not low-affinity binding of the native ligand, we 
suspect that PAR1 exposes at least two ligand-binding sites or 
states, with the high-affinity ligand binding being required to 
functionally activate the GPCR. Whereas the high-affinity site is 
sensitive to vorapaxar and to changes in the SFLLRN sequence, 
the alternative low-affinity binding site (or sites) appears to bind 
SFLLRN and SFLLAN equally well. The low-affinity site (or sites) 

is therefore less specific for the structure of the SFLLRN ligand 
and, as vorapaxar did not alter SFLLAN-binding, is not masked or 
occluded by the unbound and antagonist-bound conformations 
of the receptor. Whether the low-affinity site is involved in the 
physiological receptor activation is unknown. Previous studies 
demonstrating roles for the extracellular loops of PAR1 in teth-
ered ligand function have led to a speculative model in which 
initial binding of the peptide ligand occurs at the extracellular 
loops before it penetrates into the core of the receptor through a 
sequence of conformational intermediates3,35. Our observation 
supports such a two-step binding mechanism, in which the TRAP 
first binds to the superficial low-affinity binding site at the extra-
cellular surface and then to the central high-affinity binding site 
toward activating PAR1 (ref. 3; Fig. 5e).

DISCUSSION
Although the crystal structures of PAR1 and of many other 
GPCRs have been solved3,13,16,32, quantifying ligand binding to 
membrane receptors remains challenging. Here we introduced 
an FD-based AFM approach that we used to image human PAR1 
molecules in proteoliposomes at high resolution and to simultane-
ously quantify their dynamic binding strength to different ligands. 
Our single-molecule method allowed us to efficiently characterize 
the free-energy landscape of ligands binding to PAR1 (Fig. 4). 
The sinusoidal moving AFM tip largely varies velocity, which, 
along with the variable elastic stiffness of the cantilever-PEG-
polypeptide linker system, accounts for a wide span of LRs applied 
to probe the ligand-receptor bond. Such a wide span is required 
to explore the thermodynamic regime and to a lesser extent 
the kinetic regime of the bond. Currently, most commercially  
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Figure 5 | Free-energy landscape describing the thermodynamic ( Gbu) 
and kinetic (xu) parameters of peptide-based ligands binding to PAR1. 
(a) Cartoon showing a peptide-based ligand binding to PAR1 through a 
high-affinity binding site, which is expected to be in the region shaded 
red3. (b) Free-energy binding landscape of three different peptide-
based ligands depends on the sequence of the peptide. xu represents the 
distance to the transition state separating the ligand-bound and unbound 
state and is indicated for each peptide by horizontal arrows. Gbu gives 
the free-energy difference between the ligand-bound and unbound states 
and is indicated for each peptide by vertical arrows. (c) Cartoon showing a 
peptide-based ligand interacting to vorapaxar-bound PAR1 through a low-
affinity binding site, which is expected to be in the region shaded green. 
(d) Free-energy landscape of ligands binding to vorapaxar-bound PAR1. 
PAR1 structures are shown in the vorapaxar-bound state (PDB ID 3VW7). 
(e) Binding model of the native SFLLRN ligand (red) to PAR1. For both the 
vorapaxar-inhibited and unbound states of PAR1, the ligand binds at low 
affinity to the extracellular PAR1 surface, from which extracellular loops 
2 and 3 have been proposed to bind the ligand3. In the presence of the 
antagonist vorapaxar, the native ligand cannot bind to the high-affinity 
binding site (or state). In the absence of vorapaxar, the native ligand 
can bind the high-affinity site; this functionally activates PAR1, leading 
to the binding of Gq, a class of G proteins that participate in a variety of 
cellular signaling pathways.
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4. Summary & Outlook 
 

FD-based AFM allows to: 
•  Structurally quantify the physical (mechanical), 

chemical and biological properties of native 
proteins 

•  Is applicable for most membrane and water-
soluble proteins. 

•  Image human PAR1 in proteoliposomes at high 
resolution and simultaneously quantify their 
dynamic binding strength to different ligands. 



•  Limitation: 
•  Limited to the characterization of single native 

proteins in vitro 

•  Outlook: 
– Characterize single proteins in their native 

environment of the living cell or tissue to 
determine how proteins work in the cellular 
context and how cells control proteins to 
function as required. 

–  Image cells at subnanometer resolution 

4. Summary & Outlook 




